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Introduction
Global energy demand and consumption are continuously increasing with the rapidly growing world population. This has resulted in a grave depletion of fossil-fuel reservoirs Velazquez-Lucio et al., 2018) . Therefore, recent research interests have been focused towards the generation of alternative and eco-friendly energy sources (Saritha et al., 2012; Bateni and Karimi, 2016) . Plants fix atmospheric CO2 through photosynthesis and produce lignocellulosic complexes recycling about 10 11 tons of carbon annually (Yeoman et al., 2010) . First-generation biofuels are widely criticized because of issues like threats to global food security and staples' market prices (Keeney and Hertel, 2009 ). The transition from first to second generation biofuels resulted in replacement of food crops by lignocellulosic biomass (Fischer et al., 2009) . These biomasses are an abundantly available, renewable, and low cost feedstock on the renewable energy technology platform providing a great potential for production of second-generation biofuels (Sun and Cheng, 2002) .
The lignocellulosic biomass is composed of densely packed cellulose, hemicellulose, and lignin structures forming a complex molecule which is highly resistant to enzymatic attack resulting in lower sugar yields after saccharification (Himmel et al., 2007; Bansal et al., 2012) . The lignin part of this complex offers hydrophobicity and mechanical protection to plant cells (Sun and Cheng, 2002; Kumar et al., 2016) . Thus, lignin becomes the major barrier for cellulose accessibility to cellulases during hydrolysis of lignocellulosic wastes. Lignin also acts as a binding site for irreversible adsorption of cellulase enzyme, resulting in cellulase deactivation (Gan et al., 2002; Zhang et al., 2010; Noori and Karimi, 2015) . This will consequently, results in a lower sugar release from enzymatic saccharification and finally less ethanol yields. Thus, pretreatments are required to effectively remove lignin, reduce cellulose crystallinity, increase cellulase accessibility, and consequently improve bioconversion of lignocellulosic substrates (Singh and Chen, 2008; Bansal et al., 2012) .
The conventional physical, chemical, and thermal pretreatment processes suffer from major drawbacks such as selectivity, energy intensiveness, and production of effluents and residues causing environmental pollution (Zeng et al., 2011) . The toxic chemicals such as furfural and hydroxymethylfurfural produced during conventional pretreatments also inhibit enzyme activities during hydrolysis (Mosier et al., 2005; Taherzadeh and Karimi, 2007) . On the other hand, biological pretreatment is considered as an environmentally friendly approach which requires lower energy and thus, decreases pretreatment cost (Sindhu et al., 2016; . Additionally, it helps to reduce the release of pollutants and improve hydrolysis of lignocellulosic biomass at lower costs (Saritha et al., 2012; Sindhu et al., 2016) . Various detoxification steps used for the removal of the inhibitors formed during conventional pretreatments can also be eliminated using biological pretreatment (Taherzadeh and Karimi 2008; Sindhu et al., 2016) . Microbial enzymes degrade lignin and hemicellulose components contained in lignocellulosic biomass during biological pretreatment (Saritha et al., 2012; . A number of previous studies have suggested the effectiveness of white-rot fungi for biological pretreatment of lignocellulosic biomass (Fan et al., 1987) . White-rot fungus Phanerochaete chrysosporium has a promising potential for lignin degradation by releasing proper enzymes including lignin peroxidase (LiP) and manganese peroxidase (MnP) (Lee et al., 2006) . White-rots have been specially recognized for their selectivity towards decomposition of lignocellulosic biomass (Yu et al., 2009) .
In this work, sorghum husk (SH) was biologically pretreated by the ligninolytic enzymes produced by P. chrysosporium (MTCC 4955). At the same time, cellulolytic enzymes were also produced in the hydrolysate. This byproduct was further utilized as a crude enzyme for saccharification of SH. Fourier Transform Infrared Spectroscopy (FTIR), X-ray Diffraction (XRD), and Scanning Electron Microscopy (SEM) were used to study the changes in the surface topology of the substrate after pretreatment and hydrolysis. Finally, the sugars released in the hydrolysate were converted into ethanol using Saccharomyces cerevisiae (KCTC 7296) and Pachysolen tannophilus (MTCC 1077). It should be noted that agricultural wastes like SH generated after threshing processes could provide an avenue for the scientific community of the developing countries like India to have a look at bioenergy horizon in order to opt for a promising eco-friendly perspective.
Materials and Methods

Lignocellulosic biomass
SH (Sorghum vulgare) was collected from a local agricultural farm near Kolhapur, India. The collected biomass was air-dried in an oven and milled using a pulverizer, ground to particle size <1 mm, and stored under moisture-free conditions at 37 C, until further experiments.
Biological pretreatment of SH
Fifteen grams of air-dried SH was taken in 300 mL Dubos medium (g/L: NaNO3, 0.5; K2HPO4, 1.0; MgSO4.7H2O, 0.5; KCl, 0.5; FeSO4.7H2O, 0.001) and pretreated with white-rot fungus P. chrysosporium (MTCC 4955) under submerged static condition at 30 °C. The ligninolytic enzymes were produced by P. chrysosporium (MTCC 4955) during the biological pretreatment. The activity of LiP and MnP were monitored for up to 10 d of the incubation. One unit of LiP activity was defined as the amount of the enzyme that led to the production of 1 moL veratryl aldehyde from the oxidation of veratryl alcohol per min (Liu et al., 2008) . One unit of MnP activity was expressed as the amount of enzyme that led to the production of 1 moL Mn 3+ from the oxidation of Mn 2+ per min (Rogalski et al., 2006 ). The biologically pretreated SH (BPSH) was collected by centrifugation at 5000 rpm for 10 min after 8 d of the incubation. The substrate was then washed with distilled water, oven dried at 37 °C and stored under moisturefree conditions until further study.
Composition analysis
Acid detergent lignin (ADL) and acid detergent fiber (ADF) were determined using the AOAC standard method 973.18 (AOAC, 1990a). The neutral detergent fiber (NDF) was determined using the method reported by van Soest et al. 
Fungal crude enzyme preparation
P. chrysosporium fermented broth was collected on the 8 d of incubation and the supernatant was obtained by centrifugation at 5000 rpm for 10 min. The supernatant was filtered through a 0.45 m polyethersulfone membrane filter and was further concentrated with ultracentrifugation. The concentrated broth was used as crude enzyme source for enzymatic hydrolysis of SH feedstock.
Enzyme analysis
The cellulolytic enzyme activities such as filter paperase activity (FPU) (Adney and Baker, 2008) , endoglucanase, and exoglucanase (Nitisinprasert and Temmes, 1991) , as well as hemicellulolytic enzyme activities like glucoamylase and xylanase (Saratale et al., 2012) were determined after 8 d of incubation. One unit of enzyme activity was defined as the amount of enzyme that produces 1 moL of reducing sugar from the substrate per min.
Enzymatic saccharification of SH and BPSH
The feedstock (10%) was incubated with different crude enzyme dosages (i.e., 1, 2, 4, 5, and 10 FPU/g of feedstock) with 20 mL citrate buffer (50 mM, pH 4.8) in 100 mL Erlenmeyer flasks. The hydrolysis was performed at 50 °C and 110 rpm for 48 h and the samples were collected every 2 h. The collected samples were centrifuged to remove the unhydrolyzed residues. The supernatant was then heated for 5 min in a boiling water bath to deactivate cellulolytic enzymes. The reducing sugar was determined using the dinitrosalicylic acid (DNS) method (Miller, 1959) . Hydrolysis yield was calculated using (Williams and Reese, 1950) while the residual sugar contents were determined by the DNS method (Miller, 1959) .
The yield of ethanol after fermentation expressed as a percentage of theoretical maximum ethanol yields was calculated using Equation 2 (Kim and Lee, 2005) :
Ethanol produced (g) in fermented broth Reducing sugar concentration in fermented broth × 0.511 × 100
Eq. 2
The reducing sugar utilization ratio and the amount of residual reducing sugar were determined after fermentation of SH hydrolysate by S. cerevisiae and P. tannophilus. The fermentation efficiency was measured from the reducing sugar utilization ratio by using Equation 3 (Su et al., 2010) .
Reducing sugar utilization ratio (%) = Reducing sugar yield after hydrolysis − Residual reducing after fermentation Reducing sugar yields after hydrolysis × 100
Eq. 3
Surface characterization
FTIR analysis was carried out for detection of changes in functional groups due to biological pretreatment and enzymatic hydrolysis. FTIR spectra were recorded on a FTIR spectrometer (Agilent, Cary 630; USA) in the absorption band mode in the range of 650-4000 cm -1 with a resolution of 4 cm -1 and 32 scans. The IR crystallinity of cellulose in lignocellulosic biomass was evaluated by IR absorption ratios between the absorbance intensities 1375-1512 cm . Untreated SH, BPSH, SH residue post enzymatic hydrolysis (SH-EH), and BPSH residue post enzymatic hydrolysis (BPSH-EH) were analyzed with XRD, BRUKER (Germany), D2-Phaser set at 30 kV, 10 mA; radiation was Cu K (0.15418 nm), and grade range between 10 and 40° with a step size of 0.02°. Crystallinity index (CrI) of cellulose was calculated according to the peak intensity method using Equation 4 (Segal et al., 1959) . Eq. 4
Where, CrI is the crystallinity index, I002 is the maximum intensity at 2 = 22.5°, and Iam is the minimum intensity corresponding to the amorphous content at 2 = 18.0°.
The degree of crystallinity (Xc) was calculated using Equation 5 (Zhou et al., 2005) .
Eq. 5
Where, Fc and Fa are the area of crystalline and non-crystalline regions, respectively.
The crystallite size of cellulose present in SH was calculated using the Scherrer equation (Eq. 6) (French and Cintrón, 2012 Where D is the size of crystallite (nm), k is the Scherrer constant (0.94),  is the X-ray wavelength (0.15418 nm for Cu K), β0 denotes the fullwidth at half-maximum in radian, and  stands for the position of the peak (half of the plotted 2 value).
Changes in the surface topology and characterization of SH, BPSH, and BPSH-EH were visualized by SEM. Images of the surfaces of SH, BPSH, and BPSH-EH were taken at different magnifications, i.e., 500×, 1000×, and 5000× using a JEOL JSM-6360 SEM. The substrate specimen was mounted on a conductive carbon tape and further coated with conductive gold. The gold-coated mounted sample was then scanned using 20 kV accelerating voltage.
Statistical analysis
Data were analyzed using one-way analysis of variance (ANOVA) with Tukey-Kramer multiple comparison test with the help of GraphPad InStat version 3.06 software.
Results and Discussion
Biological pretreatment of SH
White-rot fungi are well-known for producing ligninolytic enzymes and thus, they play an important role in delignification of lignocellulosic biomass. P. chrysosporium (MTCC 4955) used for biological pretreatment of SH showed significant activities of LiP (0.843 U/mL) and MnP (0.386 U/mL) after 8 d of incubation. Changes in the composition of SH and BPSH were determined by the AOAC method as shown in Table 1 . Biological pretreatment of SH using P. chrysosporium resulted into 26% lignin removal ( 
Enzyme analysis
During the biological pretreatment, P. chrysosporium also produced different cellulolytic and hemicellulolytic enzymes utilizing SH as a carbon source. P. chrysosporium showed the maximum FPU activity of 0.580 U/mL when grown on SH for 8 d after incubation. The crude filtrate showed noteworthy activities of the cellulolytic enzymes such as endoglucanase (57.25 U/mL), exoglucanase (4.76 U/mL), β-glucosidase (15.48 U/mL), as well as the hemicellulolytic enzyme activities like glucoamylase (153.38 U/mL) and xylanase (88.14 U/mL) ( Table 2) . Waghmare et al. (2014) reported the production of 0.128 U/mL FPU activity by P. chrysosporium using SH as carbon source. Saratale et al. (2015) also claimed a similar induction in the enzyme activities as endoglucanase (212.78 units/gram dry solid (U/gds)), exoglucanase (22.34 U/gds), cellobiase (176.50 U/gds), FPU (26.20 U/gds), and xylanase (371 U/gds) by P. chrysosporium utilizing soybean straw. 
Enzymatic saccharification of SH and BPSH
Enzymatic hydrolysis is considered as the most crucial step in biofuels production from lignocellulosic biomass after pretreatment process ). Significant hydrolytic activity was observed with the crude enzyme from P. chrysosporium. Figure 1 shows the production of reducing sugars from SH and BPSH due to hydrolytic activities of the crude enzyme. Enzymatic hydrolysis of SH and BPSH did not show any significant differences in the reducing sugar production for the first 2 h. Interestingly, the produced reducing sugar from SH and BPSH was increased up to 12 h of enzymatic hydrolysis while beyond that, the reducing sugar production was continuously decreased in the case of SH. This could be ascribed to the removal of lignin from SH during biological pretreatment which decreased the irreversible cellulase adsorption. Thus, during the enzymatic hydrolysis of SH, adsorption of cellulase on lignin might have caused an unavailability of cellulase to produce reducing sugar.
At the end of the enzymatic hydrolysis experiment (48 h), the reducing sugar produced from the hydrolysis of SH (20.07 mg/g) was lower than that of BPSH (103.0 mg/g) (Fig. 1) . This difference in reducing sugar production during enzymatic hydrolysis of SH and BPSH must have occurred because of delignification during biological pretreatment by P. chrysosporium. Waghmare et al. (2014) reported a release of 0.30 mg/g reducing sugar after saccharification of biologically pretreated sugarcane bagasse.
Cellulase contributes a significant fraction of the total cost of biomass conversion process (Cao et al., 1996) . Therefore, for cost effectiveness, the use of lower cellulase dosage during enzymatic hydrolysis is desirable. Different enzyme dosages were determined as FPU activity of crude enzyme during the enzymatic hydrolysis experiments. A significantly higher hydrolysis yields of 40% (BPSH) and 10% (SH) were observed when 5 FPU/g crude cellulase dosage was used. The hydrolysis yields for BPSH and SH using other cellulase dosages of 1, 2, and 4 FPU/g were found to be lower than of 5 FPU/g. Values were not significantly higher in the case of the cellulase dosage of 10 FPU/g compared with those of 5 FPU/g ( Table 3 ). Thus, the hydrolysate produced using cellulase dosage of 5 FPU/g was studied further for cost effective fermentation. Kshirsagar et al. (2016) reported 60% hydrolysis yield from enzymatic hydrolysis of wheat straw using crude enzyme from Amycolatopsis sp. GDS. 
Fermentation of hydrolysate
The resulting enzymatic hydrolysate contained both pentose and hexose sugars. Thus, after fermentation by S. cerevisiae and P. tannophilus yeast strains, significant bioethanol concentrations were recorded. More specifically, ethanol concentrations of 2.113 and 1.095% were obtained with S. cerevisiae and P. tannophilus, respectively, from the BPSH hydrolysate. The ethanol concentration observed from separate yeast fermentation and co-fermentation of SH hydrolysate was very low and thus, economically non-significant. This difference in performances in ethanol production with the explored yeast strains was because of the preferential utilization of pentose and hexose sugar available in the hydrolysate (Havannavar and Geeta, 2007) . In this study, the ethanol concentration of 2.348% was observed from the co-inoculated BPSH hydrolysate. The reducing sugar utilization ratios for fermentation by either of S. cerevisiae and P. tannophilus as well as their co-culture were found to be 56.57, 58.92, and 65.04%, respectively, which was attributed to the combined utilization of sugars by S. cerevisiae and P. tannophilus. Similarly, a higher ethanol production was reported using co-culture of C5-and C6-utilizing yeasts compared to those of individual yeast cultures (Jeffries et al., 2007; Singh and Bishnoi, 2012 ).
Surface characterization of biomass with FTIR, XRD, and SEM
FTIR analysis revealed the functional groups transformation of SH feedstock after biological pretreatment and further enzymatic hydrolysis. Comparative FTIR spectra of SH, BPSH, SH-EH, and BPSH-EH are shown in Figure 2 . Most representative peaks are summarized as follows. The broad absorption bands at 3300 and 2900 cm -1 correspond to the H-bond In this study, IR ratios such as A1375/A1510, A1427/A895, A1375/A2900, and A895/A1510 were determined by the ratio of absorbance peaks 1375, 1512; 1429, 897; 1372, 2900, and 895, 1510 cm -1 , respectively, and were calculated for SH, BPSH, SH-EH, and BPSH-EH samples. The peaks at 1730, 1427, 1375, 1158, and 895 cm -1 were not correspondent to lignin (Fackler et al., 2011) , the relative intensities of lignin peaks at 1512 cm -1 against cellulose while peaks at 1375 and 895 cm -1 calculated using peak heights and areas, were used to evaluate the changes in SH during biological pretreatment and enzymatic hydrolysis.
Among these different IR ratios, A1375/A1510 is of importance for IR crystallinity determination as the peak at 1375 cm -1 corresponds to C-H deformation in cellulose while the peak at 1510 cm -1 is associated to the aromatic skeletal vibration C=C in lignin (Fackler et al., 2011) . The IR crystallinity ratio A1375/A1510 was increased to 1.44 in the case of BPSH compared with 1.43 in BPSH-EH after biological pretreatment and enzymatic hydrolysis ( Table 4 ). The IR ratio A895/A1510 is of importance as the peak at 895 cm -1 corresponds to CH deformation in cellulose (Yang et al., 2009 ). The A895/A1510 ratio was found to increase after biological pretreatment to 2.7 as compared to that of the untreated SH (2.31) while it decreased again to 2.21 in the case of BPSH-EH ( Table 4 ). In addition, the A1375/A2900 ratio was decreased in crystallinity from SH (1.22) to BPSH-EH (1.12). This change in IR crystallinity in BPSH and BPSH-EH confirmed that removal of lignin and cellulose from untreated SH during biological pretreatment and enzymatic hydrolysis.
The XRD profiles of SH, BPSH, SH-EH, and BPSH-EH are shown in Figure 3 . The CrI, the degree of crystallinity, crystallite size, and number of chains of cellulose in the substrates were determined by using Equations 4, 5, and 6, respectively. Because of the biological pretreatment, morphological changes were observed in cellulose structure. The CrI of cellulose is considered as one of the most important factors for determination of enzymatic hydrolysis efficiency. Therefore, CrI of cellulose has been observed for more than fifty years for interpretation of change in cellulose structure due to the implementation of various pretreatment methods and enzymatic hydrolysis (Park et al., 2010) . The CrI of SH (37.65%) was found to be greater as compared to those of BPSH (32.84%), SH-EH (20.36%), and BPSH-EH (17.98%) samples (Table 5) . Similar pattern of decrease in crystallinity by XRD analysis is correlated to IR crystallinity ratio of A1375/A2900 (Karimi and Taherzadeh, 2016) . This decrease in crystallinity of cellulose and the simultaneous increase in the numbers of pores size must have occurred due 
Conclusions
The present study explored the biological pretreatment of SH using P. chrysosporium (MTCC 4955). The delignification in response to the biological pretreatment significantly enhanced the hydrolysis yield as compared to untreated SH. The mixture of hexose and pentose sugars produced during the enzymatic hydrolysis was utilized by the S. cerevisiae and P. tannophilus to produce bioethanol. The surface characterization of SH, BPSH, and BPSH-EH with FTIR, XRD, and SEM revealed the changes in crystallinity, functional groups, and surface topology when compared to untreated SH. The ethanol production from separate fermentation and co-fermentation of BPSH hydrolysate was higher than that of SH hydrolysate. Therefore, the effectiveness of biological pretreatment for the saccharification of lignocellulosic waste biomass like SH can be concluded and this approach could be recommended to augment biofuel production. Moreover, secondary pollution problem caused by the conventional pretreatment processes for ethanol production from SH could be avoided with the application of biological pretreatment. Fig.4 . Scanning electron microscopic images of the substrate. Untreated sorghum husk (SH) (A: ×500, D: ×1000, G: ×5000); Biologically pretreated SH (BPSH) (B: ×500, E: ×1000, H: ×5000); and BPSH residue post enzymatic hydrolysis (BPSH-EH) (C: ×500, F: ×1000, I: ×5000).
to the removal of lignin in the case of BPSH (Lee et al., 2007; Millati et al., 2011) . The SEM images of SH, BPSH, and BPSH-EH (Fig. 4) confirmed the surface morphological changes which occurred after biological pretreatment and enzymatic hydrolysis. SEM images of untreated SH (Fig. 4A, D, G) showed a complete, compact, and uninterrupted surface whereas the topology of BPSH was distorted (Fig. 4B, E, H) . These changes in the surface topology could be due to the activity of ligninolytic enzymes produced by P. chrysosporium during biological pretreatment. The SEM images of BPSH-EH showed distinct and prominent roughness with deeper groves and looser topology (Fig. 4, C, F, I ) as compared to the untreated SH. During the biological pretreatment, the external surface of the lignocellulosic biomass was damaged and the surface area for cellulose of SH became accessible to cellulases present in the crude enzyme. Taniguchi et al. (2005) conducted a pretreatment with Pleurotus ostreatus and reported an increase in the susceptibility of rice straw to enzymatic hydrolysis due to partial degradation of lignin.
